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pHWe studied the effects of light intensity (LI) and CO2 supply on pH and total lipid production and fatty acids by
Synechocystis sp. PCC6803 during continuous-ﬂow operation of a photobioreactor having continuous nutrient
supply. The temperature was ﬁxed at 30 °C, and the LI pattern mimicked a day/night light cycle from 0 to
1920 μmol/m2 s. The CO2 supply varied from 1 to 5% v/v of total air. The total lipid content increased proportion-
ally to LI, reaching a high content of 14% of dry weight (DW) at the highest LI at 3% CO2. In contrast, LI had no
signiﬁcant inﬂuence on the total fatty acid content, which was 3.4% ± 0.5% DW, measured as fatty acid methyl
esters (FAMEs). Palmitic acid (C16:0) was the main fatty acid (52% of FAMEs), but γ-linolenic acid (C18:3n6)
and linoleic acid (C18:2) were signiﬁcant at 20% and 14% of total FAMEs, respectively. Also, α-linolenic acid
(C18:3n3), oleic acid (C18:1), and palmitoleic acid (C16:1) represented 5%, 4%, and 4% of the total FAMEs,
respectively. In case of C16:0, its highest content was achieved at LI of 400 to 1500 μmol/m2 s and pH media
values from 7.2 to 8.8 (3% CO2). The highest formation of C16:1 and C18:1 (desirable for biodiesel production)
occurred with LI up to 600 μmol/m2 s at pH 9 (3% CO2). Stearic acid (C18:0) and linoleic acid (C18:2) contents
did not vary with LI or pH, but α-linolenic acid (C18:3n3) formation occurred with patterns opposite to
C18:3n6, C16:0, and C16:1. LI of 400 to 1600 μmol/m2 s and pH range from 7.7 to 8.7 led to the highest values
of C18:3n6 (0.8% DW), but C18:3n3 was suppressed by these conditions, supporting a desaturation pathway in
Synechocystis. These results point to strategies to optimize LI, CO2, and pH, to enhance the fatty acid production
proﬁle for biofuel production.
© 2015 The Authors. Published by Elsevier B.V. This is an open access article under the CC BY license
(http://creativecommons.org/licenses/by/4.0/).1. Introduction
Depletion of fossil fuels, increases in oil prices, and the buildup of
greenhouse gases have forced countries to investigate renewable energy
alternatives to fossil sources. Biofuel production offers opportunities to
develop long-term replacements for fossil fuels while also promoting
the economies of rural areas [1–3]. Biological CO2ﬁxation canbe achieved
through the photosynthesis of terrestrial plants and microorganisms [4].
Because their CO2-ﬁxation efﬁciency is 10–100 times higher than for
plants, eukaryotic algae and cyanobacteria can produce renewable fuel
feedstock with much less land, and they do not require arable land [2,
4–6]. Therefore, the mass cultivation of microalgae and cyanobacteria as
biomass feedstock for liquid biofuels is being assessed worldwide [7,8].
According to Quintana et al. [9], cyanobacteria have promise for
bioenergy generation because they possess higher photosynthesis and
growth rates compared to algae. They grow well when provided only. This is an open access article underbasic nutritional requirements, such as water, CO2, mineral salts (espe-
cially phosphorus and nitrogen), and light as the only energy source.
Moreover, cyanobacteria are amenable to geneticmanipulation through
the introduction or deletion of genes that allow them to produce more
or higher-value products [9–12].
Biodiesel can be produced by transesteriﬁcation of microalgal lipids,
reaction of a simple alcohol (usually methanol) with tri- or di-
acylglycerides to produce fatty acid methyl esters (FAMEs) [13].
FAMEs composition determines a biodiesel's oxidative stability and per-
formance properties. Polyunsaturated fatty acids (PUFAs) are suscepti-
ble to oxidation, and fully saturated lipids increase the cloud point and
viscosity of biodiesel [14]. Therefore, the most desirable lipids are
monounsaturated fatty acids (MUFAs) [8]. Microalgae lipids also can
be input to a reﬁnery in lieu of petroleum feedstock; the fatty acid proﬁle
controls fuel quality in a similar way as for biodiesel.
Environmental growth conditions determine the fatty acid proﬁle of
lipid in microalgae and cyanobacteria [8,15–20]. Quintana et al. [9] re-
ported that growth conditions affected the fatty acid composition of dif-
ferent cyanobacteria species, Liu et al. [21] noted that the degree ofthe CC BY license (http://creativecommons.org/licenses/by/4.0/).
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[22] found that the amount of polyunsaturated fatty acids (PUFAs) de-
creased in favor of monounsaturated fatty acids at high light intensities,
and Gombos et al. [23] found that temperature had a strong impact on
the degree of unsaturation of fatty acid groups.
Synechocystis sp. PCC6803 was the ﬁrst photosynthetic organism to
have its genome sequenced and is one of the best characterized
cyanobacteria in general [11]. It also has been studied for large-scale
biomass production based on its growth capability for wide ranges of
environmental conditions, such as salt concentration, pH, temperature,
and carbon dioxide (CO2) level [24–26]. The intracellular lipids in
Synechocystis are mostly diacylglycerols located in the thylakoid mem-
branes [24,27]. Sheng et al. [16] studied the temperature effect on lipids
and fatty acids production in Synechocystis sp. PCC6803 and found that
the highest fatty acid content in the cells occurred at 30–33 °C. In con-
trast, 22 °C showed a 20% suppression of lipid synthesis, and 35–40%
suppression occurred at 18 °C and 44 °C. Moreover, low temperature
(18 and 22 °C) led to higher amounts of PUFA linolenic acid (α-C18:3
and γ-C18:3).
Cyanobacteria optimize membrane-barrier functions, permeability
properties, activities of membrane-bound enzymes, and signaling
mechanisms in response to temperature changes [16,28]. Acyl-lipid
desaturases introduce double bonds into fatty acids that have been es-
teriﬁed to glycerolipids and are bound to the thylakoid membrane in
cyanobacterial cells [29]. Synechosystis sp. PCC6803 has been well stud-
ied, and its metabolic fatty acid desaturation follows the pathway
shown in Fig. 1. Desaturases introduce double bonds at the Δ6, Δ9,
Δ12, and Δ15 positions of the fatty acids [30].
In this work, we study how lipid and fatty acid production pat-
terns are controlled by diurnal variations in light intensity, carbon
dioxide, and pH for Synechocystis sp. PCC6803. These are factors
that can vary over wide ranges during the normal day–night condi-
tions of bioenergy generation, and they can be manipulated by
engineering measures.Fig. 1. Synechocystis sp. PCC6803pathwayof fatty acid desaturation by acyl-lipid desaturases [29
%CO2 inputs for Synechocystis sp. PCC6803 in continuous ﬂow. %Lipids and %FAME are percenta2. Materials and methods
2.1. Experimental set-up
All experiments were conducted in a vertical, ﬂat-plate
photobioreactor (PBR) that consisted of a rectangular body made of
polymethyl methacrylate plastic, light panels for irradiation along two
sides, and sampling ports with liquid discharging valve along the
other two sides. Details of the PBR system are provided by Kim et al.
[24,31]. The liquid volume inside the PBRwas 14 L. Twomass-ﬂow con-
trollers, connected to a compressed-air tank and a pure-CO2 tank, regu-
lated the ratio of CO2 in the air supplied to a gas diffuser installed in the
bottom of PBR to achieve good mixing of the reactor contents. Also, an
outer-layer water jacket contained water circulating through a water
bath (Thermo Scientiﬁc Digital Plus) for temperature control. Day–
night light intensity (LI) cycling for both sides of the PBR was achieved
by using a computer program that created a stepwise pattern imitating
the solar irradiation average of a typical day near the autumn equinox in
Phoenix, AZ [24,31].
2.2. PBR start-up and operating conditions
The PBR was disinfected by washing it once with deionized water
contained 0.04% NaOCl. After two rinses with sterile deionized water,
the PBRwas loadedwith 12 L of BG-11 5Pmedium,which is the standard
BG-11mediumwith ﬁve-fold increased phosphate, or ~28.4mg P/L [24].
Then, the PBR was inoculated with 2 L of Synechocystis sp. PCC6803 cul-
ture that had been grown in a glass bottle connected to a ﬁltered-air sup-
ply, surrounded by ﬂuorescent lamps that illuminated the vessel
continuously, and maintaining at a temperature of ~30 °C. Standard
BG-11 medium [32] was used for culture growth. All media were
autoclaved before use.
To avoid nutrient depletion and to ensure enough light penetration
in the system, the reactor was operated with continuous ﬂow. During,30]. %Lipids, %FAME, and pHvalues throughout the set of experimentswith different LI and
ges of dry weight (DW).
Table 2
Average fatty acid proﬁle and analysis of variance for correlation to LI and %CO2.
Nomenclature Name % DW averagea %FAMEs p valueb
C16:0 Palmitic acid 1.77 ± 0.06 51.9 0.031
C16:1 Palmitoleic acid 0.12 ± 0.004 3.6 0.003
C18:0 Stearic acid 0.04 ± 0.001 1.3 0.063
cis-C18:1n9 Oleic acid (ω9) 0.14 ± 0.007 4.2 0.000
cis-C18:2n6 Linoleic acid (ω6) 0.46 ± 0.015 13.7 0.533
C18:3n6 γ-Linolenic (ω6) 0.69 ± 0.035 20.4 0.017
C18:3n3 α-Linolenic (ω3) 0.16 ± 0.026 4.7 0.048
Total FAME 3.41 ± 0.58 100% 0.114
Total lipids 11.6 ± 1.14 – 0.012
a Average values produced during continuous ﬂow.
b Effects of LI andCO2 supply are signiﬁcant at p b 0.05,which is indicatedwith boldface.
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to ensure full mixing without liquid overﬂow. The CO2 supply was shut
off during dark operation, and the light intensity (LI) was held constant
at 300 μmol/m2 s during theﬁrst two days of the acclimation phase. This
acclimation phase allowed the culture to adapt to higher light intensity
and working volume than in the culture bottle of the inoculum. Once
the culture reached an OD730 of 4.4 (~1.2 g DW/L), CO2, light cycling,
and continuous media ﬂow at 2 mL/min were started.
2.3. Sampling and analytical methods
Samples (1-L volume) were taken at the times and LI values shown
in Table 1, which also presents the light-intensity pattern for the illumi-
nated time each day. After one day's sampling, the reactor's liquid vol-
ume (14 L) was re-established by addition of fresh medium to make
up for sampling losses. With sampling every second day, the culture
re-grew to OD around 2. The pH and temperaturewere recorded imme-
diately upon sampling using an Accumet-AB15 pHmeter (Fisher Scien-
tiﬁc, Waltham, MA) with a glass pH electrode and a glass thermometer.
For each sample, 5 mL was ﬁltered through a 0.2-mm polyvinylidene
ﬂuoride (PVDF) membrane ﬁlter (Whatman, Piscataway, NJ) for NO3
and PO4 analysis using an ICS-3000 ion chromatograph (Dionex,
Sunnyvale, CA) equipped with anion-exchange column (IonPac AS18,
Dionex) [31].
For lipid analysis, cells were harvested and concentrated by centrifu-
gation (Beckman Coulter, Avanti J-26XPI) at 6000 rpm for 15min. Later,
cell pellets containing solids were frozen for subsequent lyophilization
(Labconco FreeZone) at −50 °C under vacuum for 2 days to obtain
dry biomass. Total lipid was assayed with 15mg of dry biomass accord-
ing to Ryckebosch et al. [33] using chloroform:methanol 1:1 (% v/v). The
methanol phase was discarded, and the chloroform phase was separat-
ed from biomass with a 0.2-μm PTFE membrane ﬁlter [34]. Later, the
chloroform extracts were moved to a N2 evaporator (Labconco RapVap
N2) to remove the chloroform [34]. Finally, dried extracts wereweighed
to calculate the total lipids extracted.
Fatty acid analysis was performed using a Gas Chromatograph
(ShimadzuGC 2010) equippedwith a Supelco SP 2380 capillary column
(30 m × 0.25 mm× 0.20 μm) coupled with a Flame Ionization Detector
(FID) [16]. The ﬁrst step was trans-esteriﬁcation, for which 2 ml meth-
anolic HCL (3 N) was added to lipid samples, and the mixture was left
overnight in a stoppered tube at 50 °C. Then, fatty acid methyl esters
(FAMEs) were recovered in 6 mL of hexane for GC-FID samples.
The effects of incident LI and %CO2 on PCC6803's lipid production,
nutrient uptake (dissolved NO3 and PO4), and fatty acid proﬁle were
evaluated by regression analysis using one-way ANOVA (One-way
ANOVA MODULE, Statistica 12). All samples were considered simulta-
neously. Comparisons showing a p value b 0.05 were considered signif-
icantly different. Three-dimensional representationswere created using
Distance Weighted LS by Statistica Software (Tulsa, OK, USA).
3. Results and discussion
3.1. Fatty acid proﬁle and ANOVA
Table 2 shows the fatty acids that were detected by GC-FID. Palmitic
acid (C16:0) was about 52% of the fatty acid composition, or 1.8% of dryTable 1
Experiment sampling conditions.
Time (h) LI (μmol/m2 s) %CO2 (v/v)
0 0 Varied from 1% to 5% for




12 460weight. γ-Linolenic acid (C18:3n6) and linoleic acid (C18:2) were the
second and third most common fatty acids, with about 0.69% and
0.46% of dry weight, respectively. This fatty acid composition is similar
to what is reported previously by Sheng et al. [16], who also found
that C16:0 production was predominant, followed by α-linolenic acid
(C18:3n6) and C18:2 fatty acids. Table 2 also shows the results of the
ANOVA tests for correlations with LI and %CO2. Variations in LI and
%CO2 led to signiﬁcant (p b 0.05) variability in %Lipids and production
of certain fatty acids: C16:0, C16:1, C18:1, C18:3n6, and C18:3n3. LI and
%CO2 also signiﬁcantly affected the pH values (not shown in Table 2,
but presented below).
NO3 and PO4− concentrations were 105 ± 17 mg N/L and 12.1 ±
2.8 mg P/L, respectively. They did not differ signiﬁcantly among the
samples during a day and were high enough that neither nutrient was
limiting, the desired experimental situation.
The dominant fatty acids were C16:0 and C18:3n6 (52% and 20% of
total FAME, respectively), but the best biodiesel properties are associat-
ed more with MUFAs, such as C16:1 and C18:1, which averaged 3.6%
and 4.2% of total FAME, respectively. Thus, it is valuable to identify cul-
ture conditions that favor C16:1 and C18:1, versus C16:0 and C18:3n6.
Fig. 1 shows the CO2 supply and LI intensity patterns according to the
diurnal light cycle. Also shown are howpHand %Lipids responded to the
LI pattern.When the input CO2 was 3% v/v, pH values increased propor-
tionally with LI so that the highest pH values were obtained at the
highest light intensity (1920 μmol/m2 s), a clear response to photosyn-
thesis activity. Also, when the input CO2was 3% v/v, %Lipids increased in
parallel to higher LI and then declined as LI decreased. However, higher
%CO2 (5% v/v) did not allow changes in pH, and the effects of LI on
%Lipids were muted. In contrast with the trends for pH and %Lipids,
but consistent with the ANOVA analysis, %FAME did not show signiﬁ-
cant trends with LI or %CO2.
3.2. Trends for pH
Fig. 2, a 3-dimensional plot created by distance weighting, plots
trends in pH as a continuous function. Black dots represent the experi-
ment data. Fig. 2 conﬁrms the trends identiﬁed by ANOVA (Table 2)
and identiﬁes conditions needed to obtain a particular pH value. In gen-
eral, lower %CO2 increased the media pH. This trend is expected from
the role of CO2 as an acid. At the highest CO2 feed level (5%), the pH
values were maintained at 7 to 8 without a consistent effect of LI. In
contrast, 3% CO2 led to a systematic trend of increasing pH with LI,
with the sharpest increase of LI up to about 500 μmol/m2 s. For the low-
est LI (0–200 μmol/m2 s), the system pH was around 7, but it reached 9
with LI up at the highest value (1920 μmol/m2 s), when photosynthetic
uptake of CO2 was greatest. The large range of pH values when the CO2
level was 3% may have affected %Lipids content, a topic investigated
more deeply below. The 3D graph also shows that low CO2 levels
(atmospheric air) could give very high pH values, larger than 10,
when the LI was over 500 μmol/m2 s.
Fig. 2. Three-dimensional representation of the effects of %CO2 and LI on pH. The boundary
values of LI and %CO2 are the ranges of experimental values (Table 1). The black circles are
the experimental data.
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Fig. 3, a 3-dimensional distance-weightingplot, shows the effect of LI
on changes in %Lipids and medium pH, and illustrates that most values
of %Lipidswere around 12% of DW (the largest red area) during the light
cycle; this was when media pH values were from 7 to 8.5. For all data,
the average %Lipids was 11.6% of DW. That the average value is less
than 12% DW reﬂects the strong decreases for high pH (N9) and low
LI (b800 μmol/m2 s), which together led to much less lipid content,
although low LI or high pH alone did not lead to low lipid content.
Thus, a combination of limited light availability and restricted CO2
supply (to give high pH) appeared to cause a low lipid content.
In contrast, the highest %Lipids (N14% DW) was associated with high
LI (N1600 μmol/m2 s), but without a strong pH effect.Fig. 3. Three-dimensional representation of how changes in LI affected %Lipids (of dry
weight) and medium pH.3.4. Trends for fatty acid proﬁles
Fig. 4, which shows how the fatty acid proﬁle varied with LI, indi-
cates that the total %FAMEdid not change dramatically or systematically
with culture conditions (averaging 3.41± 0.58% DW). Since %Lipids did
change, this relative consistency in %FAME could reﬂect that other com-
pounds extracted in the lipid fraction, such as pigments or linked pro-
tein/carbohydrates [35,36], were what changed in response to LI and
pH. While some fatty acids were affected by LI and pH, the major com-
ponents (C16:0, C18:3n6, and C18:2) followed similar patterns. C18:0
was relatively constant at about 1.3% of total FAMEs.
Fig. 5 provides a three-dimensional plot for C16:0, the most abun-
dant fatty acid. Previous studies have reported predominant formation
of this fatty acid in Synechocystis [16,37]. In this experiment, high
C16:0 content (2.2% DW) was favored by an LI range of 400 to
1500 μmol/m2 s and pH values from 7.2 to 8.8. In contrast, low pH
(b7.2) during light and high pH (N8.8) led to the lowest content of
C16:0 (b1.3% DW). In the case of C16:1 (Fig. S1 Supplementary data),
its content was much less than for C16:0. Its highest formation (0.16%
DW) occurred at pH from 7.6 to 9, with LI up to 500 μmol/m2 s, and it
followed the same production pattern as C16:0.
According to the ANOVA analysis (Table 2), C18:0 and C18:2 did not
show signiﬁcant differences (p value b 0.05) with LI or %CO2, and they
represented only 0.04% ± 0.01 and 0.46% ± 0.08% DW, respectively.
Oleic acid (C18:1) was more important than C18:0 (N0.14% DW). LI
values up to 600 μmol/m2 s and pH up to 9.2 favored its production
(N0.16% DW). In addition, pH values from 7 to 7.5 with LI up to
300 μmol/m2 s also favored C18:1 production (Fig. S2 Supplementary
data). In summary, the 3D graphics and ANOVA indicate that
Synechocystis was able to produce the most C16:1 and C18:1 with LI
up to 600 μmol/m2 s at pH 9. Also, C16:0 production was favored for
this condition.
γ-Linolenic acid (C18:3n6) (Fig. S3 Supplementary data) and
α-linolenic (C18:3n3) (Fig. 6) were signiﬁcant fatty acids (averaging
20 and 5% of total FAMEs, respectively) that behavedwith opposite pat-
terns. LI of 400 to 1600 μmol/m2 s and a pH range from 7.7 to 8.7 led to
the highest values of C18:3n6 (0.8% DW), but C18:3n3 was suppressed
within the pH range of 8.1 to 8.7 with LI from 400 to 1500 μmol/m2 s.
Lowproduction of C18:3n3 at 30–33 °Cwith BG-115Phas been reported
before [16].
4. Discussion
Lipid quantity and composition are key properties that determine
biodiesel oxidative stability and performance properties. However, en-
vironmental growth conditions determine the lipid quantity and com-
position (fatty acid proﬁle) in the microorganisms. Cyanobacteria are
able to live in a wide range environmental conditions, since they per-
form oxygenic photosynthesis and respiration at the same time and by
the same organelle [38]. Stress factors such as temperature, salinity,
pH, heavymetals, and ultraviolet radiation have an effect on cell growth
and metabolism. So far, all stresses are reported to show enhanced ex-
pression of proteins associated with oxidative damage [39]. However,
a number of mechanisms are used to respond to the environmental
stressors; these mechanisms involve lipids, amino acids, and enzyme
metabolism [40].
When light exposure is too high, microorganism absorbs excess ex-
citation energy causing photo-damage to cells (reduction of acceptor
side components of PS II). Also, the photosynthetic reaction center
polypeptide D1 is susceptible to damage [41]. In the case of high light
adaptation mechanisms in Synechocystis sp. PCC6883, the PS I/PSII
ratio is about 5, an abundance related to an oxidized plastoquinone
pool in the light, minimizing photo damage [38]. He et al. [41] reported
that Hli polypeptides (HliA, HliB, HliC) accumulate at high light expo-
sure forming other protein complexes in the thylakoid membrane.
Burnap et al. [42] reported that at 3% (v/v) CO2 and high light intensity
Fig. 4. Fatty acid composition throughout the Synechocystis sp. PCC6803 continuous-ﬂow experiments. Results correspond to measurements at the time and LI values shown in Table 1.
Values are expressed as % of DW.
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genes ndhF3 (sll1732), ndhD3 (sll1733), cupA (sll1734), and hypothet-
ical gene (sll1735).
According to Srivastava et al. [39], temperature induces changes in
membrane ﬂuidity affecting the degree of membrane lipids and protein
integrity of membranes. Salinity affects cellular biomolecules by
dehydration shell or surface change, also producing reactive oxygen
species for oxidation damage. Neutral to alkaline pH is preferred by
cyanobacteria; but not many studies about pH-based cellular responses
and proteomics exist.
In Synechocystis, around 50 ATP-binding cassette (ABC) transport
genes have been identiﬁed in its genome. These play an important
role in nutrient transport and cytoplasmic pH regulation [43].
Summerﬁeld et al. [44] found that pH in the growthmedium had a pho-
tosystem II (PSII)-speciﬁc effect. Also, at elevated pH, cells have higher
resistance to oxidative stress. Tahara et al. [43] found that Slr1045 pro-
tein plays a role in the lipid transport system, since acid conditions
affected production of phosphatidylglycerol in cell membranes. Incyanobacteria, another response for pH stress is the increased expres-
sion and activity of monovalent cation/proton antiporters, the mem-
brane proteins that maintain intracellular pH [45]. Summerﬁeld and
Sherman [45] reported that alkali conditions in Synechocystis up-
regulate genes encoding two cation/H+ antiporters (NhaS3 and Mrp),
ATP synthase, and one amino acid deaminase. Other transporters in-
volved in homeostasis include a putative chloride extrusion protein
(Slr0753), a mechanosensitive channel acting as calcium channel, and
a hexose/proton symporter with other ABC transporter subunits [45].
Although we did not perform proteomic analysis, the noted adapta-
tion mechanisms (gene level) reported for cyanobacteria (especially
Synechocystis) point out the value of future proteomic research when
several factors, such as light intensity, pH and temperature, are com-
bined. We interpret the effects of external pH (media pH) and light in-
tensity according to changes in fatty acid proﬁles.
Intracellular pH is affected by external pH. A unit increment of pH in
the medium results in a 10% increment in pH values in the cytosol and
thylakoid lumen; however, pHs within these two compartments are
Fig. 5. Palmitic acid (C16:0) production results, expressed as % of DW.
15S.P. Cuellar-Bermudez et al. / Algal Research 12 (2015) 10–16different, the pH of the thylakoid lumen being ~2 pH units lower than
the pH on the cytosol [45]. These changes, for example, have an effect
on the intracellular inorganic carbon concentration (CO2/HCO3−) affect-
ing the carboxylase activity of Rubisco.
In this article, the changes of medium pH were analyzed in terms of
fatty acid metabolism. In Synechocystis, the intracellular lipids aremost-
ly located in the thylakoid membranes [24,27], where pH is different
than themedium pH. It is the intracellular pH that affects themetabolic
pathway for fatty acid saturation/desaturation. Althoughwe cannot link
the fatty acid changes to the intracellular pH values, we are able to
identify enzymatic metabolic pathways depending on external pH
(nutrients, CO2 and light). For example, the shift from α-linolenic and
γ-linolenic acid conﬁrms a desaturation pathway in Synechocystis, and
the Δ12 desaturase seems to have been expressed at pH values from
7.7 to 8.7, leading to C18:3n6 formation. In contrast, a Δ15 desaturase
for C18:3n3 formation seems to have been expressed at pH values
lower than 7.5 and higher than 9.Fig. 6. α-Linolenic acid (C18:3n3) production results, expressed as % of DW.5. Conclusions
Comparisonswithin the day/night light cycle with temperature con-
trolled at 30 °C showed that the lipid fraction produced by Synechocystis
sp. PCC6803 was affected by LI and pH media. In general, %Lipids in-
creased in proportional to LI and was greatest for pH of 9 (3% CO2). In
contrast, %FAME was relatively constant, which probably means that
other components extracted as part of total lipids changed also in re-
sponse to LI and pH. C16:0 was the main fatty acid (averaging ~52%),
and it was favored by an LI range of 400 to 1500 μmol/m2 s and pH
values from 7.2 to 8.8 (3% CO2). Other signiﬁcant components of the
fatty acid proﬁle also were affected by LI and pH. C18:3n6 and C18:2
were the second and third most important fatty acids produced by
Synechocystis, representing, respectively, ~20% and 14% of total FAMEs
on average. C18:3n6 responded to LI and pH similarly to C16:0, but
C18:2 was not altered by LI and pH. Also signiﬁcant were C18:3n3,
C18:1, and C16:1, being ~5%, 4%, and 4% of total FAMEs, respectively.
α-Linolenic acid (C18:3n3) formation occurred with patterns opposite
to C18:3n6,C16:0, and C16:1. While LI of 400 to 1600 μmol/m2 s and
a pH range from 7.7 to 8.7 led to the highest values of C18:3n6
(0.8% DW), C18:3n3 was suppressed with these conditions, supporting
a desaturation pathway in Synechocystis. For the best biodiesel proper-
ties, MUFAs such as C16:1 and C18:1 are preferred. During the experi-
ments, C16:1 and C18:1 became greater fractions with LI up to
600 μmol/m2 s at pH 9 (3% CO2). According to our results, a 3% v/v of
CO2 allowed high lipid production and a favorable fatty acid proﬁle in
continuous ﬂow growth of Synechocystis sp. PCC6803.Therefore, culture
conditions, particularly LI, CO2 and pH, should be controllable to favor
production of these fatty acids.
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